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1Department of Physics and Atmospheric Science, Dalhousie University, Halifax, CanadaABSTRACT Collagen fibrils play an important role in the human body, providing tensile strength to connective tissues. These
fibrils are characterized by a banding pattern with a D-period of 67 nm. The proposed origin of the D-period is the internal stag-
gering of tropocollagen molecules within the fibril, leading to gap and overlap regions and a corresponding periodic density fluc-
tuation. Using an atomic force microscope high-resolution modulus maps of collagen fibril segments, up to 80 mm in length, were
acquired at indentation speeds around 105 nm/s. Themaps revealed a periodic modulation corresponding to the D-period as well
as previously undocumented micrometer scale fluctuations. Further analysis revealed a 4/5, gap/overlap, ratio in the measured
modulus providing further support for the quarter-staggered model of collagen fibril axial structure. The modulus values obtained
at indentation speeds around 105 nm/s are significantly larger than those previously reported. Probing the effect of indentation
speed over four decades reveals two distinct logarithmic regimes of the measured modulus and point to the existence of a char-
acteristic molecular relaxation time around 0.1 ms. Furthermore, collagen fibrils exposed to temperatures between 50 and 62C
and cooled back to room temperature show a sharp decrease in modulus and a sharp increase in fibril diameter. This is also
associated with a disappearance of the D-period and the appearance of twisted subfibrils with a pitch in the micrometer range.
Based on all these data and a similar behavior observed for cross-linked polymer networks below the glass transition temper-
ature, we propose that collagen I fibrils may be in a glassy state while hydrated.INTRODUCTIONCollagen is the primary protein component that provides
structural integrity to mammalian tissues. Of the 28 varieties
of collagen, types I, II, III, V, XI, XXIV, and XXVII form
fibrils that provide mechanical strength to tissues such as
bone, tendon, ligament, and skin (1–3). There is a vast
body of literature describing the architecture and macro-
scopic mechanical properties of these tissues and how
they are influenced by age, anatomical location, damage,
exercise, and disease (4–11). In contrast, the relationship
between structure and mechanical properties at the single
collagen fibril level is much less understood despite some
recent advances (3).
Collagen fibrils are linear aggregates of 300 nm long
tropocollagen molecules that have a diameter of 1.5 nm
and a distinctive triple-helical structure (3,12). Tens to hun-
dreds of thousands of tropocollagen molecules are cova-
lently bound to each other by cross-links and packed
radially in a semicrystalline fashion to form 50 to 500 nm
wide fibrils spanning microns to millimeters in length
(13). There are two intermediate stages of organization be-
tween individual molecules and the fibril, the microfibril,
and the subfibril. The microfibril consists of five strands
of laterally organized collagen molecules with a diameter
of 4–8nm (14), the subfibril has a diameter of aroundSubmitted September 24, 2013, and accepted for publication September 3,
2014.
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0006-3495/14/10/1794/8 $2.0025 nm but is not as well described in the literature as the
microfibril (15). Both the individual molecules and the inter-
mediate structures run almost parallel to the fibril axis, the
molecules are staggered with respect to each other giving
rise to 67 nm wide bands also named D-periods. The current
molecular model of the D-period involves two regions, one
where all the molecules overlap and one where 20% of the
molecules are missing due to an axial gap. The relative
length of these regions is 0.46 and 0.54 of the 67 nm D-
period, respectively. This model was proposed on the
basis of electron microscopy images of negatively stained
collagen fibrils and further refined with small angle x-ray
scattering data of rat tail tendon (16,17).
Mechanical measurements of single collagen fibrils are
typically performed under tension using microelectrome-
chanical devices or nanotensile testers, in bending where a
microcantilever is used to apply loads on suspended fibrils,
and via atomic force microscopy (AFM)-based nanoinden-
tation (18–23). These studies acknowledge that collagen
fibrils are heterogeneous yet only provide a single value
for their mechanical properties. Previous nanoindentation
measurements on dried collagen I fibrils demonstrated a fac-
tor of two in elastic modulus between the overlap and the
gap region of the D-period (24). Another strong indication
that mechanical properties are not homogeneous along a
collagen fibril is the occurrence of discrete plastic deforma-
tions observed along fibrils inside overloaded bovine tail
tendons (25). Both results are strong incentives to develop
a method capable of mapping mechanical properties of anhttp://dx.doi.org/10.1016/j.bpj.2014.09.003
Nanomechanical Mapping of Collagen Fibrils 1795entire fibril at high spatial resolution while in a hydrated
state.
The technique of choice that combines mechanical mea-
surements and high spatial resolution is anAFMmode named
force-distance (FD) curve-based imaging (26). In this mode
an FD curve is measured at each pixel of the image allowing
to generate maps of various mechanical properties such as
the elastic modulus, the deformation of the sample under a
given load, the adhesion force between tip and sample, and
the amount of mechanical energy dissipated. In this study,
we take advantage of the high-throughput capabilities of the
technique to generate modulus maps of single collagen fibrils
inwater at a spatial resolution around10nmand at indentation
speeds around 105 nm/s. We demonstrate that collagen fibrils
stiffen by a factor of sevenwhenvarying the indentation speed
from 102 to 106 nm/s. This effect allows us to observe the
D-period in the elastic modulus channel. We report a 20%
decrease in modulus from the overlap to the gap region of
the D-period as well as long-range fluctuations in modulus
along the length of the fibrils that have not been reported so
far. Furthermore, collagen fibrils exposed to temperatures be-
tween50and62Candcooledback to room temperature show
a sharp decrease inmodulus and a swelling of the fibril. This is
also associated with a disappearance of the D-period and the
appearance of twisted subfibrils in themodulus channel of the
image that persists upon dehydration of the collagen fibril.MATERIALS AND METHODS
Sample preparation
Rat tails were dissected to extract tendon fascicles for use as a sample
source. First, the dermal layers were removed from the tail exposing the
skeletal frame and tendons of the tail. To prevent tensile loading during
tendon extraction, a scalpel blade was inserted between the skeletal struc-
ture and the tendon and was used to sever connecting material. Tendons
were then lifted from the skeletal structure and stored in 20 ml phosphate
buffered saline (PBS) with 500 ml of antibacterial cocktail (Sigma-Aldrich,
St. Louis, MO). Collagen fibrils were dissected from tail fascicles of 2-year-
old rats in PBS. To minimize fibril damage, a thin glass rod was used as the
main dissection tool. Fascicles were held at one end with tweezers while the
glass rod was inserted into the fascicle and moved along its longitudinal
axis to allow gentle separation of the hierarchical subcomponents. Great
care was taken to keep the fascicles hydrated at all times during this pro-
cess. The PBS solution containing the dissected fibrils were transferred to
glass bottom petri dishes with a pipet and left for 30 min allowing the fibrils
to physically adhered to the glass substrate. The dishes were then rinsed
three times with deionized water to remove unattached material and resid-
ual salts. The samples were either used immediately or kept at 4C until
AFM measurement.AFM
All the experiments were performed with a Bioscope Catalyst atomic force
microscope (Bruker, USA) mounted on an IX71 inverted microscope
(Olympus, Tokyo, Japan) with a differential interference contrast module
and a 100, 1.3NA, oil immersion objective. This setup allowed the optical
visualization of single collagen fibrils in water before AFM imaging. Sam-
ples were imaged in peak force quantitative nanomechanical mapping modeusing ScanAsyst liquidþ (Bruker, Santa Barbara, CA) cantilevers with a
nominal spring constant of 0.7 N/m, a nominal tip radius of 2 nm, and an
equivalent cone half-angle of 18. Before each experiment the cantilever
spring constant was calibrated with the thermal noise method (27). Images
were acquired at a cantilever oscillation frequency of 1 kHz, a scanning fre-
quency of 0.5 Hz, and at an indentation speed between 400 and 1200 mm/s.
The longitudinal axis of the collagen fibrils measured in this work was
perpendicular to the fast scan axis unless otherwise mentioned. All inden-
tation speed and heating images were taken at an imaging speed of 5 mm/s,
whereas the 20, 40, and 80 mm maps were acquired at 2, 5, and 10 mm/s,
respectively. The peak force was kept between 1 and 10 nN depending
on the scan size. The total number of pixels per image was kept constant
at 65,536.
We also used the heating stage of the Bioscope Catalyst to expose single
collagen fibrils to different temperatures. Due to condensation issues it was
not possible to continuously image the fibrils while increasing the temper-
ature. For each AFMmeasurement the fibril was first kept at the target tem-
perature for 15 or 30 min and then cooled down to room temperature
(~25C) and imaged at that temperature. During each heating and cooling
cycle, the sample was covered to limit evaporation. The heating and cooling
rates were around 10 and 2C per minute, respectively. The total amount of
water was fixed to 3 ml to ensure a constant temperature profile between
samples. Mechanical maps were acquired by peak force quantitative nano-
mechanical mapping once the sample had cooled to 25C. Each fibril was
either exposed to 62C for 30 min or treated to subsequent temperatures of
50, 55, 58, 60, and 62C, in that order, each time for 15 min. After the final
heating and cooling cycle, the samples were dehydrated and imaged once
more to reveal topological structures not visible in the hydrated state.Data analysis
Force curves were selected from an area 510% of the fibrils diameter
from the apex of the collagen fibril by a simple filtering methodology
(Figs. S1–S4 and supplement S5 in the Supporting Material). Based on
the shape of our tips and the typical indentation depth that was in the order
of 30 nm, we used the Sneddon model including adhesion to fit each force
curve and extract the modulus in the radial direction (28,29). The Poisson
ratio of a collagen fibril was assumed to be 0.5 as accepted in the literature
for an incompressible material (30). The point of tip-fibril contact was
determined by least square fitting of the force curve (31). The influence
of the underlying glass substrate was minimized by only fitting the force
curves to an indentation depth of 10% of the zero force height of the fibril,
according to Bueckle’s rule (32,33). The zero force height of the fibril was
estimated by adding the height and deformation channels, extracting the
values along the apex of the fibril and averaging; this value was typically
around 200 nm. The deformation of the fibril at any given point was esti-
mated using the distance between the approach and the retract curve at a
given force value. We used 15% of the peak force value to estimate the
deformation and saw no significant difference when varying the peak force
percentage to values as low as 5% of the peak force. Below this threshold
the measurement of the deformation was unreliable.
In some cases we imaged fibrils over their entire length. Mechanical
maps of each section of a given fibril were stitched manually. Modulus
profiles were extracted along the entire fibrils and Fourier transformed to
reveal periodic fluctuations. We used adjacent averaging to remove long
wavelength fluctuations from the data to determine the amplitude of the
short wavelength fluctuations observed.RESULTS
Influence of indentation speed
Typically, AFM-based indentation measurements on
collagen fibrils are performed at indentation speeds inBiophysical Journal 107(8) 1794–1801
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of collagen fibrils in water, we measure the dependency of
the modulus with indentation speed over four decades
from 100 nm/s to 1.2 mm/s (Fig. 1). To average out spatial
variations and fibril-to-fibril variations we use three
different fibrils and a 5 mm long segment for each fibril.
The order in which we measure the FD curves for the
different indentation speeds is different for each fibril to
avoid bias due to indentation history. The modulus is weakly
dependent on the logarithm of the indentation speed below
roughly 70 mm/s and then increases 5- to 10-fold in one
decade (Fig. 1). The same behavior is observed for each
fibril individually but the range of modulus is large in the
high-speed regime. When acquiring modulus maps we are
in the regime where the collagen fibril appears to stiffen
significantly compared to previously published modulus
data that are typically obtained at an indentation speed of
1 mm/s (30). Interestingly, the indentation speed dependence
observed in this study is very similar to the one observed for
a model cross-linked polymer network below the glass to
rubber transition (34). In the glass state the mobility of the
chains within the network is constrained in comparison to
the rubber state, yielding an apparent stiffening of the
network for indentation speeds well above the mobility of
the chains. This means that in our case we are acquiring
modulus maps in a regime where some characteristic relax-
ation mechanism of the molecules within a fibril is sup-
pressed giving rise to an elastic contrast that should
depend mainly on the molecular density.Modulus variations along a single fibril
A first demonstration of the capabilities of our approach is
the observation of the D-period in the modulus maps of sin-
gle collagen fibrils in water. At a scan size of 2  2 mm the
D-period is visible in the height, the modulus, and the defor-
mation channels (Fig. 2). The variation between gap and
overlap regions in each channel is small, 2–3 nm for the
height and deformation, and several MPa for the modulus.FIGURE 1 Dependence of the modulus with indentation speed. The modulus
indentation speed. Logarithmic least square fits through the data are shown as da
the standard deviation of each measurement.
Biophysical Journal 107(8) 1794–1801However, the three channels are correlated with the overlap
region being higher, stiffer, and less deformable than the gap
region as expected (Fig. 2, B–D). Over a two microns range
the modulus maps are quite uniform except for the D-period,
but it is not true at length scales of tens of microns.
Imaging fibril segments of 80, 40, and 20 mm at 45, 20,
and 8 nm pixel resolution, respectively, reveals long-range
variations in modulus that are on the micron scale (Fig. 3,
A–C). Two interesting features are fibril ends and sharp
bends that exhibit lower moduli than their surroundings.
The modulus behavior of these defects appear as at least a
fourfold decrease in modulus at the defect site with a linear
gradient toward the average modulus of the fibril spanning
~5 mm (Fig. 3, arrows, and Fig. S6). From the Fourier trans-
forms of the radius modulus profiles extracted from the 40
and 20 mm maps, we can accurately measure the D-period
at 66.4 5 0.2 nm and 67.6 5 0.2 nm, respectively
(Fig. 4, A and B).
To estimate the average contrast in modulus between the
gap and overlap regions of the D-period, we use both maps,
(Fig. 3, B and C), excluding the 5 mm segments surrounding
the sharp bend and fibril ends, respectively (Table 1). Calcu-
lating the moduli of the gap and overlap regions from the
average moduli of the fibril and the root mean-square of
the D-period reveals a gap/overlap ratio of 0.80 5 0.04
and 0.82 5 0.04 for the 20 and 40 mm maps, respectively.
This is in excellent agreement with the molecular density ra-
tio between the two regions as proposed by Hodge and
Schmitt (16). This in turn indicates that the modulus scales
locally with the molecular density as mentioned previously.Structural and mechanical alterations due to
exposure to high temperatures
As a next step, we measure the modulus of 5 mm long seg-
ments of two collagen fibrils exposed to temperatures
ranging from 25C to 62C in water (Fig. 5). We use a softer
cantilever than stated previously with a spring constant of
0.25 N/m and an indentation velocity of 1.2 mm/s. Atof three different collagen fibril segments 5 mm in length as a function of
shed lines, highlighting the presence of two distinct regimes. Error bars are
FIGURE 2 Observation of the D-period along a
hydrated fibril. (A) Height, modulus, and deforma-
tion channel of a single collagen fibril. The differ-
ences in apparent diameter of the fibril are due to
the choice of scale bar range used for each chan-
nel to visualize the D-period. Scale Bar: Height
140–190 nm; Modulus 0–30 MPa; Deformation
20–40 nm. The length of the fibril is 2 mm. (B–D)
Comparison of the height, modulus, and deforma-
tion channels are shown for 500 nm segments
showing the alignment of the modulus and height
of the fibril and the 90 phase shift between
the modulus and deformation of the fibril. The
D-period is visible in all three channels. The over-
lap region appears higher, stiffer, and less deform-
able than the gap region. To see this figure in color,
go online.
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12.75 0.3 MPa and 250 nm (Fig. 5, A and B), and 9.85
0.2 MPa and 350 nm (Fig. 5, D and E), respectively. These
modulus values are below the 20–40 MPa range mentioned
previously for the same indentation speed. This is due to the
use of a different cantilever (MSNL, Bruker) with a lower
spring constant of 0.25 N/m compared to previous measure-FIGURE 3 Modulus maps of collagen fibrils. (A) 80 mm long segment of
fibril at 45 nm pixel resolution. (B) 40 mm long fibril at 20 nm pixel reso-
lution, the modulus decays from the center to the ends. (C) 20 mm long
segment of fibril at 8 nm pixel resolution, a sharp bend appears softer
than its surrounding. Color Scale Bar: 0–30 MPa (A and C); 0–50 MPa
(B). Length scale bar: (A) 20 mm, (B) 10 mm, (C) 5 mm. To see this figure
in color, go online.ments (Fig. 1). The lower spring constant cantilever had a
maximum measurable modulus of ~15 MPa. This was
selected to provide higher contrast at the lower elastic
moduli observed after fibrils were exposed to a tempera-
ture >50C. The behavior of the fibril between 25 and
50C was checked with a ScanAsyst cantilever and showed
the same behavior as the MSNL cantilever. To compare
results from both fibrils, we normalize all radial modulus
values to the ones obtained before any temperatureFIGURE 4 Periodicity along single fibrils. Fourier transforms of the
modulus profiles extracted from the apex of two fibrils in Fig. 3 A 40 mm
long fibril at 20 nm pixel resolution. (B) 20 mm long segment of fibril at
8 nm pixel resolution. The peak corresponding to the D-period is clearly
visible in both cases.
Biophysical Journal 107(8) 1794–1801
TABLE 1 Summary of D-band Modulus variation and period with standard deviation (modulus data) and pixilation (D-period) as
error
Fibril length (mm) Average modulus (MPa) Gap modulus (MPa) Overlap modulus (MPa) Gap/overlap D-period (nm)
20 165 3 14.55 0.6 18.15 0.6 0.805 0.04 67.65.2
40 335 6 305 1 375 1 0.825 0.04 66.45.2
80 165 4 NA NA NA NA
1798 Baldwin et al.exposure. After exposure to temperatures above 50C,
fibrils exhibited a sharp decrease in elastic modulus when
measured at room temperature (Fig. 5). This decrease in
elastic modulus progressed with exposure to temperatures
as high as 62C. At which point the radial elastic modulus
was found to be around 1 MPa, or 10% of its original value.
This decrease in elastic modulus was found to persist up to
36 h after temperature exposure, suggesting a permanent
alteration to the elastic modulus of the fibril.
The softening of the fibrils for temperatures above 50C
is accompanied by two structural changes. The zero force
height of the fibrils increases by 15% and 30%, respectively
(Fig. 5, B and E), and the D-period disappears completely
from the modulus maps (Fig. 5, C and F). To quantify this
disappearance we compute the fast Fourier transform
(FFT) of the modulus profile extracted from the apex of
each fibril after each temperature exposure. The amplitude
of the D-period peak in the FFT is a measure of its visibility
in the modulus maps. This quantity is presented in Fig. 5 andFIGURE 5 Dependence of fibril structure with temperature exposure. The m
modulus profile at the D-period wavelength (C and F) for two 5 mm segment
The indentation speed was 1.2 mm/s. Vertical error bars are the standard deviat
Biophysical Journal 107(8) 1794–1801shows that the D-period has completely disappeared after
exposure to 60C.
The disappearance of the D-period is associated with the
appearance of subfibrilar structures that are only barely
visible in the peak force error channel (data not shown)
when the fibril is perpendicular to the fast scan axis as in
Fig. 6 A. However, they appear clearly on the elastic
modulus maps when the fibril is tilted 45 from the fast
scan axis (see Fig. 6 C) or when the fibril is dried (see
Fig. 6 E). The subfibrilar structures were determined to be
subfibrils as their diameter (~20–40 nm), was far larger
than that of microfibrils, 4–8 nm (15). Our best modulus
map image showing subfibrils with a pitch in the micron
range was obtained after directly exposing a fibril to 62C
for 30 min and then cooling it back to 25C (Fig. 6 C). These
structures were not observed on the fibril at 25C before
heating (Fig. 6 B) or after dehydration (Fig. 6 D). All the fi-
brils exposed to a temperature of 62C, stepwise (Fig. 6 A)
or directly (Fig. 6 C) show both a D-period and subfibrilsodulus (A and D), zero force height (B and E), and FFT amplitude of the
s acquired from two collagen fibrils as a function of applied temperature.
ion of each measurement.
FIGURE 6 Structural changes in fibrils exposed
to high temperatures. Modulus and Log modulus
channels of two collagen fibrils after repeated tem-
perature exposure from 25–62C as seen in Figs. 5
and 6 A, and a fibril before (B) and after (C) 30 min
exposure to 62C. Peak force error channel images
of a typical dehydrated collagen fibril (D) and of a
fibril exposed to 62C for 30 min before dehydra-
tion (E). To see this figure in color, go online.
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(Fig. 6 E). No alteration to the D-period was observed
between dehydrated control fibrils, 67.6 5 2.7 nm (n ¼ 2)
(Fig. S7 C), and fibrils dehydrated after being exposed to
62C, 66.15 1.5 nm (n¼ 2) (Fig. S7D). However, the height
difference between the overlap and gap regions decreases
from5.65 0.3 nm (n¼ 2) to 2.85 0.3 nm (n¼ 2) after expo-
sure to 62C. This is coupled with a decrease in the relative
length of the gap region from 44 5 2% (n ¼ 2) of the
D-period to 34 5 2% (n ¼ 2) of the D-period. These two
values are different from the relative length of the gap region,
54% of the D-period, measured by x-ray scattering for
hydrated fibrils at room temperature (17). The discrepancy
between the x-ray value and the AFM value of control fibrils
can be attributed to a combination of drying and AFM imag-
ing artifacts due to the tip shape (35).DISCUSSION
Collagen I fibrils may behave as a polymer
network in a glassy state when indented
In solution, the triple helix motif characteristic of tropocol-
lagen molecules becomes unstable around body temperature
(36). Within a fibril the same structural motif shows an
increased thermal stability due to the proximity of neigh-
boring chains. The decrease in mobility of the molecules
in the crowded fibril environment compared to a dilute solu-
tion is associated with a decrease in conformational entropy
at a given temperature. This is the so-called polymer in a
box model of collagen fibril denaturation. In other words,
below the denaturation temperature, typically 65C, themolecules within a collagen fibril are less mobile than above
that threshold (37). This is comparable to polymer networks
where the relaxation time characteristic of chain motion in-
creases significantly below the glass transition temperature.
As mentioned previously the dependency between elastic
modulus and indentation speed of polymer networks below
the glass transition temperature is very similar to the one
observed for collagen I fibrils at room temperature (Fig. 1)
(34). Based on this comparison, we found that collagen I
fibrils display a characteristic relaxation time of 0.1 ms, esti-
mated using a typical deformation of 20 nm and a critical
indentation speed around 70 mm/s (Fig. 1). When the exper-
imental time is smaller than the relaxation time the collagen
fibril stiffens by nearly sevenfold within the accessible range
of indentation speeds (Fig. 1). In that regime the collagen
molecules have no time to rearrange locally and should
deform cooperatively. The resulting deformation should be
similar to the one observed after permanently indenting
dried collagen fibrils (23). Using a 20 nm radius tip, Wenger
and co-workers (23) achieved an imprint depth of 30 nm that
extended along the fibril axis over two D-periods. If this pic-
ture holds for the high indentation speed regime observed in
this study, this means that all the collagen molecules in con-
tact with the tip apex during indentation are bent homoge-
neously. It follows that the measured modulus should be
proportional to the molecular density. With this in mind
the amplitude of the modulus contrast observed within a
D-period (Fig. 2) is directly related to fluctuations in molec-
ular density. Furthermore, our observation that the modulus
of the gap region is 80% of the modulus of the overlap re-
gion supports the quarter-staggered model of collagen fibril
axial structure proposed by Hodge and Schmitt (16).Biophysical Journal 107(8) 1794–1801
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fibrils’ structure and mechanical properties
The glassy state model discussed in the previous section pre-
dicts that collagen fibrils should soften as the temperature is
raised toward 65C. This is confirmed by our temperature
exposure experiments with an onset of softening around
50C and an overall 10-fold decrease in modulus (Fig. 5).
Based on similar results obtained for a model cross-linked
polymer network, we expect at most a fivefold decrease in
modulus when crossing the glass to rubber transition (34).
The extra twofold decrease can be attributed to fibril swelling
due to water uptake (Fig. 5). Assuming that the length of the
fibril remains constant due to the absorption to the glass
substrate, and that the measured modulus at high indentation
speed scales withmolecular density asmentioned previously,
the 30% increase in fibril height (Fig. 5) should yield a 1.7-
fold decrease inmodulus due to the shift inmolecular density
associatedwith the increase of the fibrils cross-sectional area.
Water uptake by the fibril also has important structural
effects beyond radial swelling. The D-period disappears
almost completely from the modulus maps in the hydrated
state above 50C (Fig. 5) but it is visible in the dehydrated
state albeit with a reduced height contrasts between gap and
overlap regions. A simple explanation for these results is a
homogenization of the molecular density along the fibril
axis due to water uptake. Details of the homogenization
mechanism are difficult to infer from our data. However,
it is likely that most of the water uptake is concentrated in
the overlap region because it has a higher molecular density
than the gap region at room temperature. Nevertheless,
the situation is complicated by the appearance of twisted
subfibrils after temperature exposure (Fig. 6, C and E), indi-
cating that water may accumulate between these subfibrils
rather than being uniformly distributed in the fibril cross
section. These twisted structures are similar to those seen
in in vitro fibrils with no temperature exposure (Fig. S7).
Finally, our temperature exposure experiments on single
fibril are in excellent agreement with second harmonic gen-
eration (SHG) measurements of rat tail tendons (38) and
pig corneal stroma (39). In both cases the SHG signal inten-
sity decreases with temperature exposure in a similar way
than the modulus in our study (Fig. 5). It has been shown pre-
viously that the large SHG signal observed on collagen fibrils
is due to the tight packing and alignment of weakly efficient
harmonophores (40). A radial swelling associated with an in-
crease of angular spread of the molecules with respect to the
fibril axis as seen in our study would yield a sharp decrease in
SHG signal intensity. Matteini et al. (39) came to the same
overall conclusions based on theoretical considerations.Effect of mechanical deformations
There is mounting evidence that tensile loading can generate
plastic deformations called kinks along collagen fibrils (25).Biophysical Journal 107(8) 1794–1801These kinks are short segments of the fibrils, around 200 nm
in length, that are characterized by a decreased enthalpy of
denaturation and an increased sensitivity to trypsin digestion
compared to pristine collagen fibrils (41,42). In this study,
there is no indication that removing the fibrils from their tissue
leads to the formation of kinks but we observe two other types
of mechanical damage, ruptured ends and sharply bent seg-
ments (Fig. 3). In both cases the modulus decreases by three-
to fourfold compared to pristine regions of the same fibrils.
The surrounding area exhibits a decrease in modulus while
still exhibiting the D-period with the same 20% contrast
between gap and overlap regions. The only point where the
D-period is not observed is right at the point where the me-
chanical deformation took place (Fig. S6). Interestingly, the
sharply bent segments display amuch higher zero force height
than the pristine segments of the fibril, whereas the ruptured
end of the fibril has a zero force height consistent with its pris-
tine region. This suggests that the two types of damage are
distinct, although having the same effect on the modulus of
the fibril. Because the quarter-staggered organization of the fi-
brils does not seem affected, we propose that the observed
decrease in modulus is due to a loss of mature cross-links be-
tween tropocollagen molecules (ruptured end) and/or the up-
take ofwater in the fibril bend, similar towhat is observedwith
temperature exposure. This loss of the glassy state could be
associated with the uptake of water in the fibril bend, similar
to fibrils exposed to temperatures higher than 58C. Alterna-
tively, the possibility of the loss of mature cross-links is
strongly supported bymodulus data obtained on fibrils assem-
bled in vitro from acid solubilized tropocollagen molecules
extracted from rat tail tendon. These fibrils have a modulus
five times smaller than the one of ex vivo fibrils, which is
consistent with an absence ofmature cross-links (43), and still
show the dependency on indentation speed characteristic of a
glassy state (Fig. S8).CONCLUSION
In this study, we demonstrate that nanomechanical mapping
of entire collagen fibrils at indentation speeds around 105
nm/s can detect subtle changes in molecular dynamics
and fibril architecture due to an external stimulus such
as temperature. This is opening the road for the study of
mechanical damage at the single fibril and the study of
gene mutations that are suggested to impact collagen fibril
structure and mechanical properties.SUPPORTING MATERIAL
MATLAB Sorting executable S5 and seven figures are available at http://
www.biophysj.org/biophysj/supplemental/S0006-3495(14)00933-3.
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